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I. Introduction
Specific fusion of biological membranes is a central

requirement for many cellular processes.1 Membrane
fusion involves the merging of the membranes of two
different organelles and the mixing of aqueous com-
partments encapsulated by these membranes. Stud-
ies of membrane fusion mechanism have extensively
employed lipid vesicles as artificial “organelles” (see

section III). The general fusion reaction scheme is
given by

where A and B are separate organelles or vesicles,
AB is the “docked” prefusion complex, and C is the
fused product (see Figure 1). The reaction may
proceed spontaneously if the reactants are inherently
unstable. For example, it is possible to produce small
unilamellar lipid vesicles (approximately 20 nm in
diameter) by ultrasonication, a process that intro-
duces energy into the system. These vesicles possess
a high degree of positive curvature on their outer
monolayer and a high degree of negative curvature
on their inner monolayer (see section III). If these
vesicles are made of lipids that experience stress in
these curved environments, they will spontaneously
proceed to the fusion reaction. When the vesicles are
metastable, only small perturbations (e.g., addition
of divalent ions, polyethylene glycol, or peptides) are
needed to drive the reaction.

Biological organelles or vesicles, on the other hand,
are intrinsically stable; otherwise, they would wreak
havoc inside the cell. Biological fusion events are
strongly regulated and coordinated by specific “dock-
ing” and “fusion” proteins. The best-studied examples
of these fusion proteins are viral envelope proteins
(see section IV). More recently, proteins that mediate
intracellular and extracellular fusion events have
been identified and characterized (see section V). In
biological systems, docking molecules are needed to
associate potential fusion partners and fusion pro-
teins are the catalysts that drive the reaction. In
Figure 1, E represents the unmodified fusion protein,
and E′ is the protein modified as a result of the fusion
reaction. In enzyme-catalyzed reactions, the protein
frequently performs its catalytic function without
modification of its structure. However, the action of
fusion proteins is generally accompanied by large
conformational changes that are irreversible in the
case of viral fusion proteins. Intracellular fusion
proteins have the capability of regenerating their
original structure as indicated by the curved back
arrow in Figure 1.

Along the fusion reaction pathway, a number of
intermediate states have been identified. The analy-
sis of the physical and thermodynamic parameters
that govern these intermediate states has led to
important insights regarding fusion mechanisms.
These will be discussed in section III. In biological
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fusion processes, the reaction needs to be directed in
a well-defined way. To provide a molecular interpre-
tation of the sequence of events in the fusion reaction
a plethora of mechanistic models have been invoked.
These “fusion machines” contain building blocks that
represent partially characterized protein structural
motifs. In viral fusion, the “machines” are relatively
simple since speed and fidelity of action are not of
essence. In fusion processes that mediate synaptic
transmission, speed and fidelity are essential and are
reflected in the complexity of protein assembly. These
processes form the basis of cognitive processes in
higher organisms. In sections IV and V, we shall
review the current knowledge regarding the modus
operandi of the primitive and complex fusion ma-
chines, respectively.

II. Membrane Fusion Assays

The criterion for fusion of membranes is the merg-
ing of their lipid bilayer and cytoplasmic continuity
(Figure 1). This leads to diffusion of the lipid mol-
ecules and intermixing of water-soluble substances
bounded by the membranes. The majority of the
assays for monitoring fusion are based on measuring
intermixing of lipid or water-soluble molecules using
a wide variety of biochemical and biophysical tech-
niques. In addition, electron microscopy (EM) re-
mains an important tool to visualize the fusion
reaction. For instance, when lipid mixing assays are
performed visualization by EM becomes crucial to
distinguish whether lipid mixing indeed reports on
fusion rather than on processes that involve the
disintegration of fusing partners followed by rear-
rangements of their membranes.2,3 However, the use
of EM for studying mechanisms of fusion often
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becomes very challenging since fusion is a very rapid
and localized phenomenon that involves molecular
rearrangements of a relatively small number of
molecules. Major problems are the possibility for
artifacts due to the preparation of specimen, misin-
terpretations of the EM pictures, and difficulties in
quantitation.4 However, novel developments in cryo-
electron microscopy of frozen hydrated samples in
combination with image reconstruction5 have pro-
vided crucial information regarding stages toward
productive fusion of a virus with liposomes.6 The
virus studied in this context, Semliki forest virus, is
particularly suited for these studies because of its
icosahedral symmetry. Nevertheless, important in-
formation regarding the fusion of the less ordered
influenza virus with liposomes7 can be gleaned using
this technique as described in section IV. In the case
of cell membranes, recent improvements in both
methods and instrumentation have led to the visu-
alization of EM structures with 5-8-nm resolution.8
Thanks to high-pressure freezing, cellular specimens
of considerable size can now be well frozen, even
without the addition of chemical cryoprotectants.
With this and other methods for rapid freezing,
samples become solidified within milliseconds where-
upon they are embedded in glasslike ice. The cellular
milieu is still aqueous, but rapid freezing has im-
mobilized all the cell’s constituents before significant
rearrangement is possible. Under these conditions,
biological structure is trapped in an essentially native
state, and ice crystals, which would deform the
physiological organization, have had little time to
grow. In section IV, we shall discuss the use of
transmission electron microscopy to image thin sec-
tions of rapidly frozen, freeze-substituted specimens
of influenza hemagluttinin (HA)-mediated fusion.9

A. Liposomes as Models
Studies of liposome fusion have provided a great

deal of the background concerning the proper use of
lipid probes and aqueous probes to study membrane
fusion (for reviews, see volumes 220 and 221 in
Methods of Enzymology (1993)). They have also
provided a wealth of information on how the chemical
and physical properties of lipids influence the fusion
reaction.10 Membrane fusion requires at least two
distinct processes, binding or apposition of two

membranes and the subsequent merger of these
membranes (see Figure 1). In the case of liposome
fusion polyethelene glycol is a widely used agent that
brings liposomes into juxtaposition (see section III).
Peptides and proteins have also been used to promote
aggregation of liposomes.4 For analysis of the fusion
reaction, the two processes must be dissociated either
by prebinding the two fusion partners so that only
the fusion rate is measured or by a kinetic analysis,
such as the mass action model developed by Nir.11

By performing such an analysis, it has been shown
that potential fusogens may increase the overall
fusion rate by causing enhancement of liposome
aggregation without affecting the actual fusion step.

Figure 1 shows how fluorescent probes are used to
monitor the merging of the membranes and the
mixing of aqueous compartments encapsulated by
these membranes. The rate of aggregation can be
monitored by changes in light scattering.12 The rate
of fusion is monitored by changes in the fluorescence
of lipid13 or aqueous probes.14 Redistribution of lipid
probes can occur in the absence of the mixing of
aqueous contents. This process termed “hemifusion”,
in which only the two contacting (cis) monolayers
combine, will be extensively discussed in section III.

Lentz and co-workers15,16 have considerably ex-
panded the repertoire of biophysical techniques to
monitor the sequence of molecular events associated
with PEG-induced fusion of liposomes. These events
include: (1) vesicle aggregation measured by light
scattering changes, (2) outer leaflet mixing by changes
in the lifetime of a fluorescent lipid (DPHpPC)
incorporated into the outer monolayer, (3) transfer
of protons between the aqueous compartments of
liposomes monitored by fluorescent changes of a
fluorescent pH indicator, (4) inner leaflet mixing
monitored by redistribution of a fluorescent lipid, (5)
contents mixing monitored by fluorescence quenching
assays. The sequence of molecular events suggested
by these observations showed marked similarity to
the sequence of viral and intracellular protein-
mediated events that lead to fusion as shown by
electrophysiological methods (see below).

A different geometry of fusing entities is provided
by experiments that involve the fusion of liposomes
with planar phospholipid bilayers.17 This morphology
corresponds to the fusion of secretory vesicles or of
intact virus with plasma membranes of the cell. In a
number of electrophysiological studies on the fusion
of phospholipid vesicles to planar phospholipid mem-
branes, fusion has been demonstrated by membrane
mixing with incorporation of channels from the
vesicular to the planar membrane and by aqueous
content mixing seen with fluorescence.17 In an el-
egant series of experiments, Chanturiya and co-
workers17 made simultaneous measurements of lipid
dye mixing (membrane merger), aqueous dye mixing
(content mixing), and electrical measurements of
planar membrane conductance during the fusion of
vesicles to planar bilayers. This way the time frame
between mergers of membrane leaflets, the formation
of the fusion pore, and the release of vesicular
contents could be resolved. This report also demon-

Figure 1. The membrane fusion reaction. Two lipid
vesicles (A and B) form close contacts, “docking” (AB) and
then proceed to become one vesicle (C). The mixing of lipid
and aqueous markers originally in the separate vesicles
(green and red) report on the progress of the fusion
reaction. The reaction may proceed spontaneously (see
section III) or via catalysis by specific proteins (see sections
IV and V). These proteins may be involved in “docking”
and fusion. In the latter case, a conformational transition
of the catalyst (E f E′) is coupled to the transitions of the
lipids.
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strated flickering fusion pore formation (see below)
between purely lipid bilayer membranes.

B. Biological Membranes
A wide variety of “biological” membrane fusion

assays have been developed that are tailored to the
characteristics of the participating membranes. In
the ideal assay binding would be resolved from
fusion, and information on the kinetics and extent
of fusion can be obtained.

1. Virus−Cell Fusion

The most popular and robust method of measuring
virus fusion with target cells takes advantage of the
large differential in surface area of the fusion partner
membranes. The lipophilic dye octadecylrhodamine
is initially incorporated into the viral membranes at
self-quenching concentrations; fusion leads to dilution
and hence an increase in fluorescence.18 Several virus
fusion proteins require a low pH environment to
trigger the conformational changes necessary to elicit
fusion (see section IV). In the natural course of
events, this would be provided within endosomal
compartments of target cells, but can also be provided
artificially to cell-surface bound virions. In this case,
it is possible to dissect virion-binding kinetics from
fusion kinetics by carrying out a binding incubation
at neutral pH (and 4 °C to inhibit endocytosis if
necessary). Following removal of unbound virus,
application of a low-pH fusion trigger is followed by
a rise in fluorescence corresponding to membrane
mixing that is normally monitored by a fluorimeter,
although imaging of individual fusion events has
been accomplished.19 The red blood cell has proved a
convenient target membrane for several of the more
promiscuous viruses, e.g., influenza, VSV. In this
case, there are no complications of the kinetics
associated with endocytosis.

High resolution of the fusion kinetics can be
obtained by employing stopped-flow mixing20,21 or by
decreasing the temperature.22,23 Both approaches
reveal a delay time between the low pH trigger and
fluorescence dequenching which is associated with
the progression through intermediate states of the
fusion pathway (see section IV). Careful controls
must be used for judging the specificity of the
fluorophore transfer and the labeling protocol opti-
mized accordingly.24

2. Cell−Cell Fusion Mediated by Viral Proteins

It has been recognized for some time that cell-cell
fusion can occur as a result of virus cell interaction.25

The fusion can be induced either after the virus fuses
with the plasma membrane, or after biosynthesis and
expression of the viral envelope protein on the cell
surface. Gething and Sambrook26 provided the first
unambiguous assignment of a fusion protein by
engineering cells to express influenza HA. This paper
opened up new approaches to studying fusion events
mediated by viral glycoproteins allowing site-directed
mutagenesis studies27-29 and the employment of
techniques that take advantage of the large size of
the expressing cells. In particular, the expressing

cells are amenable to patch clamping, which allows
measurement of membrane capacitance (which is
proportional to the membrane area of the patched
cell) with millisecond time resolution.30 Thus, trig-
gered fusion with target cells, e.g., erythrocytes, is
registered as a rise in capacitance. Electrophysiologi-
cal measurements can also provide information on
the evolution of conductance of the fusion pore.31,32

The flow of fluorescent marker between partner
cells can also be monitored using modern imaging
apparatus. This has allowed the simultaneous moni-
toring of the flux of membrane and cytoplasmic
markers33,34 and even in one case the differential
transfer of inner and outer membrane lipids.35

3. Intracellular Fusion

The dissection of intracellular fusion events has
been driven by both biochemistry and yeast genetics.
Rothman and co-workers first established a biochemi-
cal assay that involves a specific intracellular fusion
event by reconstituting transport between the cis and
medial stacks of the Golgi.36 They combined wild type
Golgi fractions from CHO cells with Golgi from a
clone lacking GlcNAc transferase activity, but con-
taining VSVG protein by virtue of prior infection.
Only by transfer between Golgi stacks could the
VSVG protein acquire radiolabeled GlcNAc. They
were able to show that this transfer required both
cytosol and ATP and they embarked on a dissection
of the cytosolic factors required to support the assay.
A major insight derived from this work was that
specificity of fusion is principally determined bio-
chemically rather than relying on the architecture
of the cell interior.

One drawback of this original assay was that it
required generation of a vesicular intermediate, and
essential factors could therefore operate at the level
of vesicle budding, vesicle docking, or vesicle fusion.
Assays that reconstitute other transport steps have
since been established (see for example Methods in
Enzymology volume 219). A heavily exploited one has
been the homotypic fusion of early endosomes, which
appears to reflect a direct fusion event without the
generation of an intermediate vesicle.37,38 A popular
configuration of this assay involves the internaliza-
tion of avidin or biotin-horseradish peroxidase into
separate cell populations, isolation of endosomal
fractions, and then combining in the presence of
cytosol and salts. Contents mixing of endosomal
lumens are assayed by quantitation of avidin-biotin
complex formation.

A related, but more powerful assay combines this
biochemical approach with yeast genetics. Homotypic
fusion between isolated yeast vacuoles from different
yeast strains is measured colorimetrically following
the fusion of vacuoles containing pro-alkaline phos-
phatase, but lacking the protease required for cleav-
age and activation, with vacuoles containing the
protease.39 This has allowed the manipulation of
membrane proteins in the assay by deletion of specific
genes in the parent yeast strains, which enables the
testing of the roles of individual proteins and the
topological constraints for their participation in fu-
sion40,41 (see section V).
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Weber et al. have developed an assay that recon-
stitutes intracellular fusion between liposomes using
a minimal set of components, namely, the synaptic
SNAREs described in section V.3 They mimic the
physiological situation by preparing a set of liposomes
bearing the integral membrane protein synaptobre-
vin and a second set bearing the integral membrane
protein syntaxin 1 complexed with SNAP-25. The
first set of liposomes is labeled with fluorescent lipids
that are subject to a concentration-dependent quench-
ing of their emission. Upon fusion with unlabeled
liposomes the lipid analogues are diluted, resulting
in an increase in fluorescence that can be monitored
as a function of time (see section IIA).

In the particular case of regulated exocytosis,
highly resolved kinetic data has been obtained, due
to a well-defined trigger (increase in cytosolic Ca2+)
and the response time of the detection methods, e.g.,
patch clamp capacitance measurements or the use
amperometry to detect the localized release of cate-
cholamines or neurotransmitters.42

III. Membrane Rearrangements Required for
Fusion

A. Adhesion, Deformation, and Fusion of Bilayers
The likelihood of surfaces coming in close contact

has been estimated in the framework of the Der-
jaguin-Landau-Verwey-Overbeek (DLVO) theory.43

This theory has been developed for aggregation of
colloidal particles and considers the interplay of
attractive van der Waals and repulsive electric double
layer forces between charged surfaces in liquids. It
allows calculation of the free energy of interaction
between the particles, ∆G, as a function of the
separation distance between the surfaces, h. The
ratio of the number of particles at a distance h to that
at an infinite separation is given by the Boltzmann
equation, exp[-∆G(h)/kT], where k is the Boltzmann
constant and T is the absolute temperature. Stable
association between two vesicles that are fusion
partners occurs if ∆G/kT . 1 (Figure 1), i.e., the
inter-membrane energy of interaction ∆G should be
sufficient to overcome the Brownian motion. Obvi-
ously, in biological systems (sections IV and V)
specific “docking molecules” are used to achieve
stable associations between potential fusion partners.

The DLVO theory fails to describe interactions
between lipid bilayers at short separations (of the
order of nanometers). By measuring changes in
bilayer spacing in multilamellar vesicles as a function
of externally applied osmotic or hydrostatic pressure,
Parsegian, Rand and their collaborators discovered
a surprisingly strong exponentially growing (char-
acteristic decay length of 0.1-0.2 nm) repulsive force
between phospholipid bilayers.44,45 Insensitivity of
this force to membrane electrostatics led to the initial
conclusion that the repulsive force is due to hydration
of the polar lipid headgroups by water. However, it
is now generally believed that other forces also
contribute to this repulsion including steric interac-
tions46 along with elastic pressures.47 In addition, an
attractive force between closely apposed membranes
has been observed by measurements of adhesion of

bilayers supported on mica surfaces in aqueous
solutions.48,49 This force is believed to arise from
exposure of hydrophobic moieties of phospholipids as
a result of the stress exerted on the bilayer surfaces
that approach within about 1 nm.

A theoretical analysis of interactions between ap-
posed membranes puts forward the notion that out-
of-plane thermal fluctuations of the bilayers lead to
the formation of close (less than 0.5 nm) contact
between the membranes within a small area (ap-
proximately 10 nm2).50 According to this theory,
increasing hydration repulsion between apposed
polar heads of lipid molecules in this area causes the
rupture of interacting monolayers. The rupture re-
sults in monolayer fusion of the membranes, i.e., in
the formation of a bridge connecting the monolayers,
which is usually named the stalk or hemifusion
intermediate (see next section).

Poly(ethylene glycol) (PEG) has been widely used
to study the parameters that govern membrane
adhesion and fusion.51-53 The threshold concentration
of PEG required to induce the aggregation of phos-
pholipid vesicles increases with a decrease in the
molecular weight of PEG from 5% (w/w) with PEG
6000 to more than 30% (w/w) with PEG 200.52 As two
membranes approach, there will be less polymer
between the membranes than in the bulk solution
resulting in an osmotic gradient that will force the
two surfaces together.51,52,54 The nonadsorbing poly-
mer may also promote lateral contraction of the
membrane lipids leading to the exposure of more
hydrophobic regions of the membrane.55 Molecular
dynamics simulations indicate that the close juxta-
position of two membranes results in the disorienta-
tion and exposure of the lipid acyl chains.56 It is
important that the polymers are excluded from the
membrane surface since anchoring lipid-conjugated
PEG to membranes will have the opposite effect.57,58

There are diverse effects of polymers on membrane
fusion that can be used to study the roles of both lipid
hydration and the steric barrier in influencing the
rate of membrane fusion. In addition, these polymers
are of interest and importance in their own right.
PEG is commonly used to induce cell-cell fusion to
produce hybrids, while other polymers such as dex-
tran sulfate may be developed into an antiviral agent.

B. Membrane Curvature and Destabilization
Monolayer curvature has been defined from the

perspective of an observer in the hydrophobic interior
of the bilayer looking out at the headgroups:59,60

positive when concave, negative when convex. Nega-
tive intrinsic monolayer curvature is a property of
lipids that are more stable when forming a curved
structure with the phospholipid headgroups occupy-
ing a smaller cross sectional area than the ends of
the acyl chains. It is generally thought that the lipid
rearrangements during the fusion reaction proceed
in at least two stages (Figure 2). In the first, the
contacting monolayers (referred to as “cis”) leaflets
have merged, but the distal (denoted “trans”) leaflets
have remained intact. The structures of these inter-
mediates have been described as “stalks” that further
evolve to form a hemifusion diaphragm (Figure 2A).61
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The transmonolayers making up the hemifusion
diaphragm then rupture to form the complete fusion
pore.

The fusion intermediates are of course three-
dimensional and the curvature properties are not the
same in all dimensions. In the hemifusion intermedi-
ates, for example, the lipids of both the cis and trans
monolayers acquire overall negative curvature.61

However, the curvature is negative only in the
dimension viewed in a cross-section of the bilayer (see
Figure 2). The well-characterized lamellar-to-invert-
ed hexagonal phase transitions seen in bulk lipids
involve the formation of connections between adja-
cent bilayers. The formation of the stalk intermediate
in membrane fusion also entails the formation of
these connections. It has recently been shown that
at a relative humidity in the range of 70 to 80%,
diphytanoyl phosphatidylcholine forms a phase in
which the lipid is arranged with hourglass-shaped
structures,62 similar to the morphology that has been
suggested for the stalk (Figure 2). Previous estima-
tions of the energetics of fusion were based on the
formation of an inverted phase.63 The availability of
the X-ray structure of a stalk-like arrangement of
lipid will allow for a more accurate calculation of the
energetics of formation of this intermediate.

Lipids in a bilayer arrangement fill space uni-
formly. However, converting a flat bilayer to a fusion
intermediate, in which one of the monolayers is
curved, results in packing voids or it requires a range
of tilts of the acyl chains. These are energy requiring
processes. All other things being equal, any mem-
brane fusion intermediate that minimizes distortions
in phospholipid packing will be energetically favored.
Comparing the bicontinuous cubic phase with the
hexagonal phase, the former has fewer packing
defects, but it also does not completely relieve cur-

vature stress.64 A modified version of the hemifusion
stalk intermediate has recently been proposed that
deals with the energy crisis provided by these pack-
ing defects.65 This model includes changes in acyl
chain tilt in addition to bending of the monolayer.
The model avoids having to fill hydrocarbon-packing
voids (compare Figure 2A,B). In the earlier models
of the stalk formation, the proposed structure had
regions of lower density of lipid, resulting from the
space left between the cis and trans monolayers
forming as a consequence of the cis monolayer
acquiring a greater degree of curvature. These pack-
ing voids had to be filled in by stretching of some acyl
chains, a process requiring energy. The formation of
these hydrocarbon packing voids are avoided in the
model of Kozlovsky and Kozlov65 (Figure 2). As a
consequence, the energy of the stalk intermediate is
lowered from approximately 150 kT in the model of
Siegel to a value of less than 50 kT. The splay of the
hydrocarbon chains produced by tilting at least
partially compensates for the splay produced by
monolayer bending. In addition, this model has the
advantage that the overall area of the stalk mono-
layers is reduced compared with the earlier models.
In this version of the stalk intermediate, the ener-
getic barrier presented to the fusion process becomes
much lower and more in line with what is required
by experimental observation.65 In fact, the model
predicts that with membranes of certain spontaneous
splay, fusion intermediates can be thermodynami-
cally stable structures. The recent observations of a
phase of phospholipid that contains the hourglass-
shaped stalk structure62 bear out this prediction.

The stalk intermediate is suggested to evolve into
a fusion pore during the fusion event. The fusion pore
has been compared with the connections between
unit cells in a bicontinuous cubic phase. However, it

Figure 2. Schemes for membrane fusion. (A) Adapted from Figure 6 of ref 61 Siegel and Epand with permission. Copyright
1997 Biophysical Society. Top drawing represents two juxtaposed bilayers before they begin to fuse. Stalk shows the
intermediate with the contacting (cis) monolayers acquiring negative curvature with radius r. It should be noted that the
negative curvature is clear in this side view; however, if the stalk intermediate is viewed from the top, then the curvature
of the cis monolayer would be positive, particularly in the center of the stalk. A hemifusion intermediate results from the
juxtaposition of the trans monolayers. The fusion pore is the first intermediate that can allow mixing of aqueous contents.
(B) Adapted from Figure 2 of ref 65 Kozlovsky and Kozlov with permission. Copyright 2002 Biophysical Society. There are
now no hydrocarbons packing voids, as represented by the stippled black areas in the stalk and hemifusion intermediates
in section A.
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should be noted that the bicontinuous cubic phase
has an average curvature of zero, while this is not
the case for a fusion pore. This difference is difficult
to reconcile using the approaches that have been
applied up to now. The physics of bilayer fusion is
severely complicated by the involvement of a broad
range of length and time scales. Whereas the stability
of vesicles can be understood from continuum models,
the creation of the fusion pore occurs within a volume
of a few nanometers (i.e., at atomic scales) and is
generally assumed to proceed much faster than
microseconds. Thus, for the critical transition steps
during fusion, the finite size and the thermal fluctua-
tions of the lipid molecules may be relevant, in which
case simple continuum models would be insufficient.
To describe such events, atomistic models will likely
be required.66

The stalk-pore paradigm is supported by a large
body of evidence showing that either viral fusion or
the fusion of liposomes is facilitated by the presence
of lipids in the cis monolayer that have large intrinsic
negative monolayer curvature propensity. In addi-
tion, compounds that promote positive curvature
inhibit viral fusion. One example is cholesterol
hemisuccinate that inhibits fusion only at neutral pH
where it promotes positive curvature, but not at
acidic pH.67 Similarly, inhibition is also observed with
the addition of lysophosphatidylcholine (LPC) to the
cis monolayer.68 To complete the fusion process the
trans-monolayer has to assume positive curvature
(Figure 2A).68 Evidence for this requirement has been
established by showing that fusion pore formation is
promoted by adding LPC to the trans monolayer
side69 and inhibited by adding negative curvature-
promoting amphiphiles to the same side.70

Whatever mechanism drives the process forward,
the essential role of fusion catalysts is to accelerate
the rate of fusion, i.e., lower the activation energy
for fusion. The destabilization of the lipid bilayer as
a result of the interaction of segments of fusion
proteins with membranes provides a way to lower
these barriers. There have been many studies show-
ing that synthetic peptides, which promote liposome
fusion, are capable of destabilizing membrane bilay-
ers.71 One motif for destabilizing membranes that
appears to be common to a number of diverse fusion
systems, is for the entry of the peptide into the
membrane as an R-helix inserted at an oblique angle.
This motif has been demonstrated by polarized FTIR
on viral fusion peptides and has been shown to
correlate with the fusogenic activity of the intact
virus.72,73 It should be pointed out, however, that
modeling the membrane-inserted fusion peptide as
a rigid R-helix is likely to be an oversimplification.
It has recently been shown that the fusion peptide
of influenza virus inserts into a membrane in a
distorted helix with a kinked structure.74

IV. Viral Membrane Fusion
Enveloped viruses have evolved different but con-

ceptually related mechanisms to fuse their mem-
branes with cellular membranes during entry into
cells.75 At least two different classes of viral fusion
proteins can be distinguished.76 Class I is represented

by orthomyxo-, retro-, paramyxo-, and filoviruses.
Their fusion proteins mature by proteolytic cleavage
of a precursor protein, yielding a membrane-anchored
subunit with an amino-terminal or amino-proximal
fusion peptide. Application of the fusion trigger
(receptor binding or low pH) results in the formation
of a characteristic trimeric postfusion structure with
a triple-stranded coiled coil at its core.77,78

Representatives of class II include flavi- and al-
phaviruses. Their fusion proteins are not proteolyti-
cally cleaved and have internal rather than amino-
terminal fusion peptides. They are synthesized as a
complex with a second membrane glycoprotein, and
the activation of the fusogenic potential involves the
cleavage of this accessory protein.79 X-ray crystal-
lography of two class II fusion proteins, the E protein
of the flavivirus tick-borne encephalitis virus80 and
the E1 protein of the alphavirus Semliki forest virus,6
has revealed a common overall fold for these proteins,
which are structurally unrelated to class I viral
fusion proteins. Although some fascinating new
features regarding fusion mechanisms are emerging
as a result of these studies with class II fusion
proteins, we will limit our discussion of viral envelope
glycoprotein-mediated fusion to its prototype, influ-
enza hemagglutinin (HA), a class I fusion protein
whose structure and function have most extensively
been studied.81

A. Structure of Native and Low pH Influenza
Hemagglutinin (HA)

Influenza virus employs a complex cellular entry
route that involves binding to cell surface receptors,
endocytosis through clathrin-coated pits and vesicles,
followed by delivery to a low pH endosomal compart-
ment.82 The triggering signal that leads to influenza
virus fusion is relatively simple, requiring only low
pH.81 Other class I viruses, such as HIV, employ a
more direct entry route; they fuse directly with the
plasma membrane at neutral pH following the bind-
ing to cell surface receptors.83 However, the triggering
signals are more complicated in that they require
receptor-induced conformational changes in viral
envelope glycoproteins.84

HA is a trimeric integral membrane protein (Mr
220 000) comprised of an ectodomain of identical
subunits, each of which contains two polypeptides,
HA1 and HA2, linked by a disulfide bond.85 The two
subunits arise from a proteolytic cleavage event that
is essential for fusion activity.86 HA1 is the receptor-
binding subunit, and HA2 is responsible for the
fusogenic activity of HA.81

Structural information is available for the ectodo-
mains of both the native protein at neutral pH85 and
portions of HA2 following exposure to low pH87,88 (see
Figure 3). The HA trimer protrudes 130 Å from the
viral membrane (Figure 3A). Each monomer is com-
posed of two distinct regions, namely, a fibrous stem
containing residues from HA1 and HA2, and a
globular region composed solely of HA1 residues
arranged in an eight-stranded â-structure.85 A sig-
nificant number of residues within the HA2 subunits
adopt a triple-stranded R-helical coiled-coil that
stabilizes the HA trimeric structure. HA1 globular
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subunits also associate into a trimeric assembly, and
the N and C terminal regions of HA1 participate in
long-range interactions with HA2 in the stem region.
The glycine-rich NH2 terminal (residues 1-20) region
of HA2 has been designated as the fusion peptide
based on a variety of genetic, protein chemical, and
biophysical studies.73,74 In the native trimeric HA
structure at neutral pH, the three fusion peptides
adopt sequential reverse turn conformations and are
partially buried between R-helices at the interface
between the HA2 and HA1 subunits, near the viral
side of the ectodomain stalk (see Figure 3A). Activa-

tion of HA at low pH results in extensive molecular
rearrangements leading to extrusion of the fusion
peptide from this buried location, whereupon it can
interact with the target and/or viral membrane.81

This is a consequence of forming an extended coiled-
coil conformation89 (see Figure 3B). Determination
of the HA structure in the activated, low-pH state
has been hindered by the exposure of the hydrophobic
fusion peptide, which causes disordered aggregation
of the trimers in aqueous solution. However, the high-
resolution structure of a stable truncated recombi-
nant ectodomain of the fusion-pH conformation of

Figure 3. Model for membrane deformation catalyzed by influenza HA. The three panels contrast HA in the neutral85

and low-pH88 conformational forms. Where possible, the protein cartoons of HA2 were developed directly from crystal
structure coordinates: i.e., residues 1-175 of 1HGG.pdb (neutral form) and residues 31-183 of 1QU1.pdb (low-pH form)
from the Protein Data Bank.201 The atomic models were completed by adding the membrane-bound fusion peptide structure
obtained by Tamm et al.74 to the N-terminal of the low-pH structure (residues 1-30, red), and connector residues and
idealized helices to the C-terminals of both structures to form the viral membrane anchors (residues 186-215, blue). The
models are consistent with the actual sequence of HA2, and represent the different protein segments in sterically feasible
relative positions. To discern the details of the structural changes only one monomer of the protein trimer is shown in
figures (A) and (B), and HA1 is simple represented as a sphere binding to the target membrane. (A) In the neutral form
HA1 clamps HA2 into an R-helix (residues 38-55, yellow) T loop (residues 56-75, green) T R-helix (residues 76-125,
cyan) conformation. (B) Lowering the pH results in dissociation of HA1 from the core of the protein and four major changes
in HA2: (i) The green loop adopts a helical conformation and residues 106-111 of the cyan helix convert to a loop
conformation, effectively shifting the triple-stranded helical coiled-coil core (shown in C) of the protein toward the N-terminal.
(ii) The C-terminal of the cyan helix (residues 112-128) becomes antiparallel to the new helical core (residues 37-105).
(iii) The mixed-secondary-structure chain connecting the C-terminal cyan helix to the viral membrane anchor (residues
129-185, magenta) adopts a more extended conformation, with an approximate 4.5-fold increase in end-to-end distance
(in this case from 21 to 96 Å). (iv) Residues 34-37 at the N-terminal and residues 174-176 of the extended C-terminal
combine in the trimer to form an annular “N cap” at the N-terminal of the triple-stranded coiled-coil, which stabilizes the
structure.88 (C) Observing the trimeric-forms of HA2 illustrates how the extended C-terminal magenta and equivalent
gray segments pack in the grooves between the three central coiled-coil helices of the low-pH form. The fusion peptides
are not shown in the low pH form of Figure 3C. One subunit in each structure is color-coded as in parts (A) and (B) for
comparison. These large-scale conformational changes result in the release of the fusion peptides from their packed positions
in the neutral-form protein, which allows for insertion into the viral and/or target membranes. A small group of proximal
HA2 molecules simultaneously inserted into both the viral and target membranes would then constitute a potential fusion
site.99 The combination of conformational changes and the stabilization of the low-pH structures generate the stresses in
the viral and target membranes (indicated by arrows) that induce contact and fusion. See text for further details.
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HA2, which lacks the N-terminal fusion peptide, has
been determined at 1.9 Å resolution.88 According to
this structure, the N- and C-terminal residues of the
molecule form an N cap, terminating both the N-
terminal R-helix and the central coiled-coil (Figure
3). Comparison with the crystal structures of a
number of other membrane fusion-inducing proteins
reveals common structural motifs,78 which suggest
potential mechanisms for membrane fusion.

B. Conformational Changes in Influenza HA
Extensive studies have been performed on the acid-

triggered conformational changes that are related to
the fusogenic activity of influenza HA.90 White and
Wilson91 have probed the details of the pH-dependent
conformational changes in X31 HA using a panel of
anti-HA-peptide antibodies. The results of their study
indicate that the acid-triggered conformational change
of isolated HA occurs in at least two steps: the fusion
peptide comes out of the trimer interface (“intermedi-
ate state”) followed by dissociation of the globular
heads (“the low pH form”). The intermediates are also
characterized by susceptibility to proteinase K diges-
tion and binding to liposomes.92,93 Although these
intermediates may actually consist of a population
of states, for convenience we will refer to these as
the “intermediate state”. Upon acidification to the
optimal pH for fusogenic activity at 37 °C and pH
5.0, long-range contacts between HA1 interfaces are
disrupted, as indicated by changes in spike mor-
phology93-95 and reactivity to anti-peptide antibodies
raised against the top and interface regions.91 Pre-
treatment of X31 virus under these conditions leads
to inactivation of HA-mediated fusion. By contrast,
in the intermediate state, HA maintains its spike
morphology and fusogenic potential.94 Recently, Herr-
mann and his group have calculated that the trimeric
structure is loosened at low pH as a result of
electrostatic repulsion.96 Relief of this electrostatic
repulsion could be the energy that is coupled to
membrane fusion.

The widely accepted "spring-loaded” type of mecha-
nistic models for HA-mediated fusion posit that the
cleaved HA is a metastable intermediate in which
extensive contacts between HA1 and HA2 kinetically
trap the molecule behind a free-energy barrier.89

Application of an acidic trigger surmounts the barrier
to yield a stable low pH conformation of HA2.87

Raising the temperature97 or adding denaturants98

can also bring about release of the spring-load.
According to the “spring-loaded” model the most
plausible scenario is that activation of the fusion
protein results in release of the fusion peptide and
extension of a central coiled-coil structure (Figure
3B). The new positioning of the fusion peptides at
the tip of the stalk provides for easy contact with the
target cell membrane. A small group of proximal
fusion proteins that are simultaneously inserted into
both the viral and target membranes would consti-
tute a potential fusion site99 (see Figure 3). Electron
microscopy studies of antibody complexes of influenza
virus haemagglutinin following low pH triggering
support this mechanism.100

However, influenza HA-mediated fusion can take
place while the bulk of the HA molecules appear to

be unaltered.7 This observation would support the
view that the fusion-active form is not significantly
altered in three-dimensional structure from native
HA22 and that the low-pH state is in fact an endpoint
in the pH-dependent structural changes.101,102 Con-
sistent with this model is the observation that fusion
has been observed to occur under conditions that
either precede, or where changes in HA shape are
not detected, either by electron microscopy93-95,101,103

or by using antibody probes.22 Moreover, recent
differential scanning calorimetric measurements show
that unfolding of neutral pH HA is an endothermic
process,104,105 indicating that the whole molecule is
not in a metastable high-energy state. Furthermore,
in a recent study on the relationship between acid-
induced changes in thermal stability and fusion
activity of HA it was shown that X31 influenza virus
retains its fusion activity at acidic pH at tempera-
tures significantly below the unfolding transition of
HA.104

The “spring-loaded” model, on the other hand,
proposes that the conformational change, which
involves the loop to helix transition of HA2 residues
56-75 (see Figure 3B),87,89 is required for fusion. This
model is supported by the observation that specific
proline substitutions in this region that prevent
formation of the low pH HA2 structure abolish HA
fusion activity.106,107 Moreover, the observation that
introduction of intermonomer disulfide bonds impair
HA fusion activity indicate that some separation of
the globular head domains is required for X31 HA
fusion.108,109 The seemingly contradictory observa-
tions that viral particles composed of HA in its
unfolded state can fuse, but that fusion requires
structural rearrangement of HA can be reconciled by
the notion that only a few HA molecules are involved
in the fusion process.34,102,110,111 It has recently been
proposed that the few molecules in the contact site
are sufficient to initiate fusion events that lead to
redistribution of lipids, but that wide pore may
require the involvement of a large number of fusion
proteins outside the contact area.112

C. The Influenza HA-Mediated Fusion Cascade

Kinetic fusion studies of fluorescently labeled virus
and cells have been performed to dissect the events
that occur following the low pH triggering of HA.113

One of the interesting characteristics of the kinetics
is the appearance of delays in lipid redistribution
following low pH triggering, suggesting a multistep
process.21 By lowering the temperature, a long-lived
low pH HA fusion intermediate has been identified
that is committed to fusion.23 Following a tempera-
ture jump to 37 °C at neutral pH this intermediate
proceeds to fusion at a similar rate and extent as that
seen for low pH fusion. The committed state is
insensitive to treatments with trypsin or DTT, which
release HA1, but is reversed by treatment with
proteinase K and thermolysin, which affect HA2. The
committed state thus represents interactions between
HA2, presumably including the fusion peptide, and
the target membrane. Comparative studies on com-
mitment to fusion induced by wild-type HA and a
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fusion peptide mutant HA indicate tight coupling
between conformational changes in HA and fusion
peptide insertion.114 Chernomordik and co-workers
have further characterized this state as a “restricted
hemifusion” intermediate115,116 that can be “frozen”
at low temperatures. Video microscopy observations
on single influenza virions fusing with RBC show
that movement of lipid is restricted during the initial
stages of fusion117 and that lipid dispersal could occur
without redistribution of HA from virus to cell.19

By employing simultaneous measurements of pairs
of assays for fusion, the subsequent order of detect-
able events was determined:9,31,32,34,118 A transient
fusion pore then redistribution of lipid, followed by
redistribution of small and large aqueous markers.
The fact that redistribution of lipid dyes precedes
that of aqueous markers is consistent with the notion
that HA-catalyzed fusion can be described by the
stalk-pore paradigm (see section III). The observa-
tion, on the other hand, that a transient fusion pore
may precede outer monolayer continuity could be
interpreted in terms of the proteinaceous fusion pore
hypothesis.31,42 However, the same fusion phenotypes
including the transient fusion pore have been ob-
served in the case of fusion between purely lipid
bilayer membranes15,17 Moreover, the observation
that the lipid composition of the membranes can
differentially augment or suppress HA-mediated
fusion supports the stalk-lipidic pore concept.118

HA-mediated fusion thus proceeds through a hemi-
fusion intermediate, which is defined as the merging
of the contacting monolayers of two membranes
without distal monolayer merger or fusion pore
formation. The hypothesis is widely held that hemi-
fusion is a key intermediate stage of membrane
fusion.119 This concept was further supported by the
observation of stable lipid mixing intermediates
induced by the glycosylphosphatidylinositol-linked
ectodomain of HA, GPI-HA, lacking its transmem-
brane domain and cytoplasmic tail120 as well as by
certain replacements of the N-terminal residue of
HA2.28,121 However, a recent attempt to visualize the
fine structure of the contact area between GPI-HA-
expressing cells and RBC using transmission electron
microscopy to image thin sections of rapidly frozen,
freeze-substituted material did not reveal any such
diaphragms with the limits of detection (70-100
nm).9 Presumably, diaphragms need to be about an
order of magnitude larger to be revealed by trans-
mission electron microscopy. However, a multiplicity
of small fusion sites was observed within which either
lipid redistribution or fusion pore formation could
ensue.9 These contact sites appear in the form
dimples on both membranes. Such dimpling, which
has previously been observed in the process of exo-
cytosis in mast cells,122 has been put forward as an
early step in the fusion reaction.103,123-126 Frolov et
al.9 observed these dimples in both GPI-HA and HA,
indicating that the transmembrane domain may not
be essential for contact site formation. However,
agents that increase the positive curvature of inner
monolayers promote fusion pore expansion in the
GPI-HA hemifusion intermediate.127 Therefore, it
seems likely that the TM domain of intact HA

promotes fusion pore expansion by perturbing the
inner monolayers of the fusing membranes.

The major challenge in the field is to understand
how conformational changes in the fusion proteins
drive the changes in lipid dispositions required for
fusion. Figure 3 shows a model in its most rudimen-
tary form for the coupling between structural changes
in HA and deformation of the target and viral
membranes. The models are thus consistent with the
actual sequence of HA2, and thus represent the
different protein segments in sterically feasible rela-
tive positions. A more extensive version that includes
a number of steps has recently been presented by
White and colleagues.107 Lowering the pH (see Figure
3) results in dissociation of HA1 from the core of the
protein and a number of drastic changes in HA2 that
include (i) a loop to helix transition resulting in a new
long helix (yellow-green-cyan) that forms an N-
terminal triple-stranded coiled coil (see Figure 3C),
(ii) a helix to loop (“kink”) transition in the cyan helix
that results in an antiparallel reorientation of resi-
dues 112-128 to the new long core helix, (iii) an
extension of the mixed-secondary-structure chain
(magenta) that now binds to the groove between
helices of the N-terminal coiled coil (see Figure 3C).
The tension created by binding of these C-terminal
extended regions into the grooves presumably pro-
vides the driving force needed to pull viral and target
membranes together.107

According to the model shown in Figure 3, the
conformational transitions in HA2 are coupled to
deformation of the target and viral membranes
through the fusion peptide and TM anchor, respec-
tively. Although there appears to be wide latitude in
the sequence of the TM domain that supports fu-
sion,128 mutations of the TM domain,120,129 as well as
of the fusion peptide28,121 may produce unstable
intermediates that give rise to lipid mixing and/or
transient pores only. Only strong interactions of these
crucial domains of the fusion proteins with the lipid
membranes will ensure the completion of the reac-
tion.

Several additional models have been proposed to
describe the way conformational changes in the
fusion proteins drive the changes in lipid dispositions.
Kozlov and Chernomordik130 have suggested a mech-
anism for the promotion of fusion by the influenza
hemagglutinin protein (HA) in which a conforma-
tional change in the protein can cause local bending
of the viral membrane, priming it for fusion. The
fusion peptide is proposed to insert into the viral
membrane. The subsequent refolding of the protein
exerts a force on the fusion peptide that tends to bend
the membrane around an HA trimer into a saddle-
like shape. According to this model, low pH-induced
aggregation of intact HA is driven by the elastic
energy derived from the bending of the membrane
around HA2 coiled-coil trimers into a saddle-like
shape. Bulging of the viral membrane produces a
dimple. Bending stresses on the lipidic top of the
dimple facilitate membrane fusion. The model for HA
aggregation-driven fusion is supported by data on
lipid mixing mediated by a construct of HA2 consist-
ing of amino acids 1-127, which include the fusion
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peptide and the kink (residues 106-111, Figure 3)
that presumably is responsible for the pH-driven
aggregation of HA molecules.131-133

A related mechanism for defect formation was
proposed by Bentz,102 except that in this mechanism
the conformational change in the protein is coupled
with the formation of a defect in the membrane as a
result of the withdrawal of the fusion peptide from
the membrane, leaving a hydrophobic defect. A
variation of the idea of the formation of a nipple, but
in both fusing components, has been combined with
the suggestion that there are small movements of the
lipids out of the plane of the bilayer.126

V. Cellular Fusion

A. SNAREs
Within every cell, every minute, hundreds of mem-

brane fusion and fission events take place. The net
result of all this activity is the set of intracellular
organelles with which we are familiar, such as the
Golgi stacks, endosomes, and lysosomes. The fact that
they retain their identities, in the face of so much
membrane flux, implies that there must be a means
by which fusion partners are restricted. The SNARE
hypothesis was proposed in 1993 by Rothman and
co-workers to explain the specificity of intracellular
fusion events134 and has proved to be essentially
robust in the face of much critical analysis. It
proposes that, the core of the fusion machinery is
comprised of SNARE proteins that are localized to
specific subcellular compartments; only cognate
SNAREs on partner membranes can form a complex
that promotes fusion.

The first SNARE complex to be characterized
specifies synaptic vesicle fusion with the plasma
membrane.135 This interaction, which is believed to
be characteristic of all SNARE complexes,136 involves
the formation of a parallel four helix bundle in which
one helix is contributed by a vesicle associated
SNARE (v-SNARE), synaptobrevin (VAMP-2), while
the other three are contributed by SNAREs on the
target membrane (t-SNAREs). In this case, two
helices are provided by SNAP-25 and one by syntaxin
1.137,138 Sequence analysis has shown that all SNAREs
probably derive from a single ancestral gene that has
been duplicated in the case of SNAP-25.139

The human genome contains 35 SNARE proteins
while that of Saccharomyces cerevisiae contains 21.140

A signature feature is the presence of conserved
heptad repeats in their membrane proximal regions
that interact to form the four-helix bundle. In com-
mon with coiled-coil structures of viral envelope
glycoproteins78 the residues at “a” and “d” positions
contribute to the hydrophobic core interactions which
stabilize the structure. The structure of the synaptic
SNARE complex revealed the presence of an ionic
layer at the center of the otherwise hydrophobic core
of the SNARE complex.137 Synaptobrevin contributes
an arginine (R) residue to this layer while the three
helices from SNAP-25 and syntaxin each contribute
a glutamine residue (Q). These residues are highly
conserved, an observation that has led to a revised
nomenclature for the SNAREs from the original t-

and v-SNAREs to Q- and R-SNARES.141 It has been
proposed that this layer may enforce the correct
register during SNARE complex assembly136 or ef-
fective coupling of ATPase hydrolysis of NSF to
SNARE complex disassembly.142

The resolution of the SNARE complex structure
immediately suggested an attractive mechanism by
which it might promote fusion that has been termed
“the zipper model” (see Figure 4). This mode of action
would then be quite similar to that mediated by
influenza HA (see Figure 3). In this model, the
assembly of the parallel four-helix bundle occurs
initially at the N-termini of the helices and zips up
toward the membrane anchors, consequently pulling
the partner membranes into close apposition.143 The
SNAREs themselves must tilt toward the membrane
during this process, and it is attractive to speculate
that this is coupled to deformation of the membrane
through the transmembrane anchor. Insertion of a
flexible linker between the transmembrane domain
and the coiled-coil domain reduces SNARE-depend-
ent fusion efficiency systematically with increasing
length of the linker.144 Note that after fusion, a
SNARE complex will persist, but now in a cis-
configuration until it is disassembled by the action
of NSF, an ATPase.134

Evidence that SNAREs participate in a late stage
of physiological fusion reactions has been provided
by an assay of regulated secretion of dense core
vesicles in PC12 cells. In this system, the assembly
of the SNARE complex occurred after the rise in Ca2+

and could not be experimentally dissociated from the
fusion process.145 This same assay can be inhibited
by addition of a soluble SNARE coiled-coil domain.
Titration of this domain and fitting of the experi-
mental data have suggested that three SNARE
complexes cooperate to promote fusion.146 In adrenal
chromaffin cells, an antibody that inhibits SNARE
assembly also reduces the initial fast component of

Figure 4. Model for membrane deformation mediated by
SNARE proteins. (a) The four helical sections of SNARE
proteins in a prefusion state arranged in a 3:1 distribution
between partner membranes. Pink, v-SNARE, or R-
SNARE; blue, syntaxin family member; red and green
represent both light chains that are Q-SNAREs (in the
neuronal SNARE complex, they are two chains of SNAP-
25, but in the generalized form they may come from distinct
proteins). (b) Progressive zipping of the four helical sections
of SNARE proteins leads to the assembly of a tight parallel
four-helix bundle. This process forces membranes into close
membrane apposition and will generate stresses at the
membrane that are coupled to imposed bending of the
participating proteins (indicated by arrows).
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exocytosis indicating that even the vesicles poised for
the quickest release require the SNARE assembly
step.147 Studies of embryonic neuronal cultures de-
rived from synaptobrevin knockout mice have con-
firmed previous results from worms and flies, in that
Ca2+ evoked neurotransmitter release is inhibited
100 fold, while spontaneous release of neurotrans-
mitter is less sensitive, but nevertheless still reduced
by 90%.148

The finding that the three synaptic SNAREs when
distributed between liposomes in accord with cell
physiology could promote liposome fusion led to the
proposal that the SNAREpin complex represented
the minimal fusion machinery.3 This remains a
controversial finding. The crux of the matter is to
what extent does the “slow” fusion seen in this
liposome based assay represent the actual biological
fusion which can occur on the millisecond time-scale
in the case of synaptic vesicle exocytosis.149 There is
little dispute that this assay is able to recapitulate a
major physiological mechanism for imposing specific-
ity of membrane recognition, but could the subse-
quent fusion be an artifact of the assay? It has been
argued that the fusion observed is a nonspecific result
of prolonged apposition between the partner mem-
branes. One observation that argues against this is
that substitution of the transmembrane domains of
syntaxin and synaptobrevin with lipid anchors allows
the docking interaction of vesicles to proceed, but
fusion is no longer observed.150 This is presumably
because the formation of the helical bundle, which
requires bending of the constituent proteins toward
the membrane, is not effectively coupled to perturba-
tion of the lipid bilayer.150 Strikingly, a similar result
is found in a more physiological system. Grote et al.
have replaced the transmembrane domains of two
exocytic SNAREs in yeast Snc2p and Sso2p with
signals for a geranylgeranyl lipid anchor.151 These
SNAREs are correctly targeted and able to engage
in SNARE complex assembly, but when overex-
pressed lead to inhibition of exocytosis after vesicle
docking. This block to secretion occurs at a lipid
sensitive stage of the fusion pathway as it can be
partially reversed by adding lysoPC to the external
leaflet of the plasma membrane that will endow it
with positive curvature. This scenario is very similar
to the GPI-HA paradigm120,127discussed in the previ-
ous section.

A cell free assay of yeast vacuole fusion (see section
IIB), although it requires trans-SNARE complex
formation,40 provides the focus for questioning the
notion that this complex provides the agonist for
bilayer mixing. Clever manipulations of the assay
allow its dissection into kinetically and biochemically
defined steps. In one experiment the authors are
ostensibly able to dissociate trans-SNARE complexes
prior to fusion with excess NSF while nevertheless
observing subsequent progression to fusion with
normal kinetics.41 One is struck here by the parallel
with the “fusion commited” state induced by viral
proteins described above. Could it be that SNAREs
initiate the fusion reaction up to a point similar to
that induced by influenza HA at low temperature?
Presumably further energetic input is required to

complete the pathway efficiently. Set against this
experiment are data from Weber et al. which dem-
onstrate that in distinction to cis-SNARE complexes
NSF is apparently unable to disassemble trans-
SNARE complexes.152

Peters and colleagues have identified three factors
downstream of trans-SNARE formation necessary for
vacuolar fusion; release of Ca2+ from the vesicle
lumen, calmodulin, and protein phosphatase 1.153,154

The requirement for a specific SNARE combination
is universal to all intracellular fusions. The require-
ment for vesicular calcium release and calmodulin
is shared by assays of both early and late endosome
fusion and of intra-Golgi transport in mammalian cell
free systems.155-157 A search for calmodulin binding
partners on the vacuolar membrane using chemical
cross linking identified the V0 sector of the vacuolar-
ATPase158 which is made up from Vma6, Vph1 and
the proteolipids Vma3 (six copies), Vma11, and
Vma16.159 Intriguingly, these authors found that
reconstituted V0 proteolipids could respond to Ca2+/
calmodulin by forming a channel permeable to en-
trapped choline; furthermore, trans-complexes of V0
were shown to form, after SNARE-dependent docking
of vacuoles. The authors offer the challenging specu-
lation that this trans-V0 complex evolves under the
influence of Ca2+/calmodulin to become the fusion
pore that dilates by radial expansion and dissociation
of the proteolipid ring.

The universality of the protein pore mechanism can
be called into question, SNARE deletions in yeast are
often lethal but yeast can grow in the absence of
Vma3 in acidic media,159 neither has the distribution
of V0 throughout the cell been established. It may
be that other proteins/proteolipids can fulfill this
function; the authors point to Got1p and Sft2p that
are small hydrophobic membrane proteins that are
known to genetically interact with the Golgi SNARE
Sed5p.160a However, recent observations on insulin
secretion from intact mouse pancreas by two-photon
excitation imaging indicate that the opening of the
fusion pore was preceded by unrestricted lateral
diffusion of lipids along the inner wall of the pore.160b

These observations support the notion that this
structure is composed of membrane lipids.

B. Other Factors Implicated in Intracellular
Fusion − Rabs, Tethers, and Phosphoinositide
Lipids

Shuffling of SNARE combinations in the liposome
assay has served to vividly demonstrate their capac-
ity to impart specificity to vesicle fusion reactions.161

However, SNAREs are not the whole story; it is now
widely accepted that prior to SNARE complex as-
sembly intracellular vesicles engage in foreplay
through specific tethering molecules that contain long
stretches of coiled-coil domain.162 The key to describ-
ing these tethering activities is the development of
assays that dissociate vesicle attachment from fusion.

EEA1 is required for homotypic endosome fusion.163

It binds to membranes due to a 2-fold interaction
with the lipid PtdIns3P and with rab5-GTP.164 Christo-
foridis et al. used a fluorescence microscopic assay
of endosomal vesicle clustering, in the presence of a
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fusion block imposed by a dominant negative form
of R-SNAP (a protein that cooperates with NSF to
disassemble cis-SNARE complexes), to demonstrate
that EEA1 was a necessary and sufficient cytosolic
factor to support this reaction.165

Cao et al. developed a simple centrifugation assay
for vesicle attachment on the yeast ER-to-Golgi
transport pathway.166 They found that vesicle attach-
ment could still be observed with strains carrying loss
of function mutations of SNARE proteins. Vesicle
association was found to require the cytosolic “tether”
Uso1 and the small GTPase Ypt1, a member of the
Rab family.

In both the above cases, Rab proteins are impli-
cated in recruitment of tethers to target membranes.
This is also the case for a family of large complexes,
of which the prototype is the exocyst,167,168 that are
implicated in specific vesicle tethering events (re-
viewed in refs 169 and 170).

In the simplest model consistent with current
data,171 a rab family member in the GTP bound form
recruits an extended coiled-coil tethering protein to
one or both interacting membranes. The tether
molecule then promotes attachment between vesicles
for a time limited by the rate of rab nucleotide
hydrolysis. If a trans-SNARE complex is able to form
during this period, then irreversible SNARE-depend-
ent steps on the fusion pathway can proceed. This
provides for a kinetic proofreading mechanism su-
perimposed on the innate specificity of SNARE
interactions. The reality is likely to be far more
complex owing to numerous other interactions that
both rabs and tethers can engage in. For example,
the endosome fusion regulator rab5 interacts with 21
proteins by affinity chromatography165 while an as-
sociated tether molecule, EEA1 interacts both with
SNARE proteins and with calmodulin.155

The role of lipids in vesicular transport processes
has received much interest in recent years, with
particular attention being given to phosphatidyl-
inositol species. The six-carbon ring structure of the
inositol headgroup provides a substrate that is uti-
lized by specific kinases for phosphate addition at
positions 3,4 and 5 on the ring. This can create up to
eight different PtdIns lipid species within a cell which
are put to a variety of uses, that include organization
of the cytoskeleton and control of cell proliferation
and survival pathways.172 With regard to intracellu-
lar membrane fusion both PtdInsI(4,5)P2 and PtdIns3P
have well-established roles on the secretory and
endocytic pathways, respectively. In neither case is
that role a function of biophysical properties of the
lipid bilayer associated with concentration of the
above lipids. The lipids serve as identifiers of com-
partments and contribute to recruitment of proteins
with specific binding domains to the endoplasmic
surface of membranes. They may also act as allosteric
regulators, but this has not been formally shown.

Permeabilized cell assays of regulated secretion in
PC12 and chromaffin cells have revealed a require-
ment for PtdIns(4,5)P2 generation by the consecutive
action of PtdIns4-kinase and PtdIns(4P)5-kinase.173

Several proteins implicated in this event have been
shown to bind PtdIns(4,5)P2 including calcium-de-

pendent activator protein for secretion (CAPS), Munc-
18/Sec1 interacting proteins (MINTs), rabphilin, and
synaptotagmin.174-177

Homotypic fusion of early endosomes requires
PtdIns 3-kinase activity as judged by sensitivity to
pharmacological inhibitors.178,179 This requirement
reflects recruitment of the tether molecule EEA1 to
membranes through a specific interaction of its FYVE
domain with PtdIns3P, which is concentrated on
early endosomes.163,164,180 Recruitment of EEA1 to
endosomes can also be accomplished by binding to
rab5, and, accordingly, at very high concentrations,
rab5 can substitute for PtdIns 3-kinase activity.179,181

Monoclonal antibodies directed against PtdIns-
(4,5)P2 and its precursor PtdIns4P were found to
inhibit yeast vacuole fusion, as did neomycin, a much
less specific reagent that binds to inositol-polyphos-
phates.182 By using two-stage incubations Mayer et
al. could show that the final requirement for PI(4,5)P2
lies somewhere between docking and the final stages
of fusion, which are promoted by release of intra-
vesicular calcium. An earlier requirement for PI(4,5)-
P2 on the fusion pathway could also be resolved that
corresponds to a so-called “priming reaction” which
precedes vesicle docking. Interestingly, the SNAP-
25 homologue, t-SNARE molecule Vam7p, which
participates in vacuolar fusion, is a mobile element
of the SNARE complex that can be recruited to
docking sites from the cytosol.183 This is achieved
through specific interaction of vacuolar PtdIns3P
with its N-terminal PX domain.183,184

There are several hundred proteins in the human
genome that contain phospho-phosphoinositide bind-
ing domains (e.g., FYVE, PX, PH, and ENTH do-
mains). It is to be expected that more “fusion factors”
utilizing this form of membrane association will be
identified.

C. Cell−Cell Fusion
Fusion events between cells play key roles in

development, starting with fusion between sperm and
egg and including myoblast fusion to form the myo-
tubes that make up skeletal muscle. In each case,
there has been a concerted effort to identify the fusion
proteins, but little mechanistic data exist.

1. Sperm−Egg Fusion

Fertilization of eggs by mammalian sperm includes
a complex set of steps that fall outside the scope of
this review (reviewed by Wassarman185). Notably,
sperm fusion competence requires the acrosome
reaction, a specialized form of intracellular fusion
involving a large secretory vesicle with the plasma
membrane. However, we will confine our discussion
to the final fusion event, that between sperm and egg
membranes. Attention has focused on one particular
sperm surface glycoprotein, fertilin, which is a het-
erodimer of R and â N-glycosylated subunits, both of
which are members of the ADAM family (a disinte-
grin and metalloprotease) of transmembrane pro-
teins.186,187 Both are synthesized as precursors by
spermatogenic cells and are proteolytically processed
to the mature form by removal of pro- and metallo-
protease domains). Fertilin â-/- sperm show greatly
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reduced ability to bind to the egg membrane.188 Chen
et al.189 have suggested that high avidity interactions
between fertilin â and an integrin (R6â1) on the egg
plasma membrane requires cooperation between
R6â1 and CD9, a protein that belongs to the tetra-
span superfamily (TM4SF). CD9 knockout mice have
shown an essential role for this protein in determin-
ing female fertility while otherwise presenting a
normal phenotype.190-192 Eggs are able to bind sperm
normally but cannot subsequently fuse. On the other
hand gamete fusion is unhindered in integrin R6â1
knockout mice.193 Curiously, cellular expression of
CD9 has also been shown to enhance membrane
fusion and infection by canine distemper virus194 and
feline immunodeficiency virus.195

2. Myoblast Fusion

Skeletal muscle cells are multinucleate and formed
through the aggregation and fusion of myoblasts. In
vivo studies of muscle development in Drosophila
melanogaster that combine ultrastructural observa-
tion with sophistacated genetics have led to the
identification of candidate fusion proteins (reviewed
by Taylor196).

In Drosophila, two classes of myoblasts form from
the mesoderm, “founder cells” and fusion competent
cells. Founder cells seed the muscles and impart
specific characteristics to the muscle which forms
following fusion with the second class of myoblasts.
Apparently, each class of myoblast cannot fuse with
themselves.

In Drosophila embryos with a small chromosomal
deletion that includes the dumbfounded (duf) gene,
no myoblast fusion occurs and no clusters of myo-
blasts form around the founders.197 Mutations in
another gene, sticks and stones (sns), that is ex-
pressed in the fusogenic myoblasts but not in founders
also leads to failure of myoblast fusion .198 Both duf
and sns contain transmembrane domains and extra-
cellular immunoglobulin-like repeats characteristic
of the immunoglobulin superfamily of cell-adhesion
molecules. It remains to be established if a direct duf-
sns association promotes fusion and whether these
molecules participate in the actual fusion event. The
conservation of the duf/sns mechanism to mam-
malian cells is presently unclear, particularly as the
closest mammalian homologue, nephrin functions in
the kidney.198 Recently, Podbilewicz and co-workers
identified a gene in C. elegans, eff-1, which encodes
a novel integral membrane protein that presumably
mediates cell fusion.198a

Muscle derived mammalian cell lines will form
myotubes in culture. Here, there are some intriguing
parallels to sperm-egg fusion. Yagami-Hiromasa et
al. have shown that meltrin-R, a homologue of ferti-
lin, is associated with early stages of myotube forma-
tion.199 Furthermore, antibodies against CD9 or
CD81 delay fusion of C2C12 myoblast cells and RD
rhabdomyosarcoma cells, while overexpression of
CD9 promotes cell fusion in transfected myoblast-
derived RD cell lines.200 One is tempted to speculate
that a conserved mechanism for cell-cell fusion
utilizing tetraspanin proteins may exist.

VI. Toward a Resolution of Membrane Fusion
Mechanisms

The study of the chemistry and physics of lipids
has provided a firm experimental and theoretical
basis for understanding the forces governing close
apposition between bilayer membranes. The subse-
quent events leading to bilayer fusion has been fit
into a generally accepted conceptual framework, the
stalk-pore hypothesis. However, the molecular de-
tails underlying the formation of these intermediate
structures are subject to extensive debate. The very
act of fusion in biological systems involves fast
(microsecond to millisecond) molecular rearrange-
ments of a small number (several to several hundred)
of molecules. Although molecules outside the fusion
contact region may indirectly affect the outcome of
the fusion reaction,55,112 the majority of the mem-
brane molecules do not participate. Moreover, indi-
vidual fusion events occur in a fairly random fashion.
Therefore, from an experimental point, the capture
of intermediate structures in the fusion reaction
remains a daunting problem. Structures of interme-
diates have been inferred by calculations of the
energy of putative intermediates as well as in ex-
perimental approaches. In addition, indirect evidence
about the nature of fusion intermediates has been
acquired by comparing the physical chemical proper-
ties of pure hydrated lipids in bulk with their effect
on the outcome of the fusion reaction and by analyz-
ing the various steps (e.g., mixing of monolayers, pore
formation) that are components of the fusion reaction.

Significant advances have been made in the iden-
tification and elucidation of structures of proteins
that catalyze membrane fusion. Experimental data
indicate that protein-catalyzed fusion is governed by
similar physical chemical principles as pure bilayer
fusion. The main task of these protein catalysts is to
provide specificity to the reaction by limiting it in
time and space within the cells and to reduce the
energy barriers for the pivotal stages of membrane
coalescence and pore formation. Further understand-
ing of the physical forces that drive lipids to undergo
drastic transitions, and how conformational changes
in proteins may be coupled to these transitions will
provide insights into the modus operandi of biological
fusion machines.
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